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SUMMARY: Under nitrogen starvation, Ustilago maydis forms lipid droplets (LDs). Although the dynam-
ics of these organelles are known in the literature, the identity of the lipases implicated in their degradation is 
unknown. We determined lipase activity and identified the intracellular lipases expressed during growth under 
nitrogen starvation and YPD media by zymograms. The results showed that cytosolic extracts exhibited higher 
lipase activity when cells were grown in YPD. Under nitrogen starvation, lipase activity was not detected after 
24 h of culture, resulting in lipid accumulation in LDs. This suggests that these lipases could be implicated in 
LD degradation. In the zymogram, two bands, one of 25 and the other of 37 kDa, presented lipase activity. 
The YPD extracts showed lipase activity in olive and almond oils, which contain triacylglycerols with mono and 
polyunsaturated fatty acids. This is the first report about U. maydis cytosolic lipases involved in LD degradation.
KEYWORDS: Cytosolic lipases; Fatty acids; Lipid droplets; Lipid droplet index; Nitrogen starvation; Triacylglycerol
RESUMEN: Monitoreo de la actividad enzimática de las lipasas intracelulares de Ustilago maydis expresada 
durante el crecimiento en limitación de nitrógeno y su correlación en reacciones lipolíticas. En ausencia de 
nitrógeno, Ustilago maydis forma cuerpos lipídicos (LDs). Aunque se conoce la dinámica de estos organelos, se 
desconoce la identidad de las lipasas implicadas en su degradación. En este estudio se determinó la actividad 
de lipasa, y se identificaron las lipasas intracelulares expresadas durante el crecimiento sin nitrógeno y en YPD 
mediante zimogramas. Los extractos citosólicos de células en YPD exhibieron mayor actividad de lipasa. En 
medio sin nitrógeno no se detectó actividad de lipasa después de 24 h de cultivo, presentándose acumulación 
de lípidos en los LDs. Esto sugiere que estas lipasas podrían implicarse en la degradación de los LDs. En el 
zimograma bandas de 25 y 37 kDa, presentaron actividad de lipasa. Los extractos de células cultivadas en YPD 
hidrolizaron triacilgliceroles compuestos de ácidos grasos mono y poliinsaturados. Este es el primer reporte 
sobre lipasas citosólicas de U. maydis implicadas en la degradación de LDs.
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1. INTRODUCTION
The synthesis and accumulation of lipids are two 
processes that fulfill several functions in cells, such as 
growth, cell division, and energy storage (Klug and 
Daum, 2014). Nutritional stress induces a change in 
the metabolic fluxes of yeast cells, stopping the syn-
thesis of proteins and nucleic acids and increasing 
the synthesis of lipids from available sources of car-
bon. Depletion of the nitrogen source has the great-
est impact on lipid accumulation (Li et al., 2015). To 
avoid the lipotoxicity caused by an excess of sterols 
and fatty acids (FA), yeast cells convert both com-
pounds into neutral lipids such as triacylglycerols 
(TAGs) and sterol esters (SE). These neutral mole-
cules are stored in specialized organelles called lipid 
droplets (LD) and can be mobilized and used as an 
energy source or as precursors to membrane lipids 
(Klug and Daum, 2014). Oleaginous yeasts, such as 
Yarrowia lipolytica and Rhodosporidium toruloides, 
accumulate lipids as TAGs in response to nitrogen 
and phosphorus limitation (Kerkhoven et al., 2016; 
Zhu et al., 2015). Other non-oleaginous yeasts, such 
as Saccharomyces cerevisiae and Ustilago maydis, 
accumulate lipids as LDs in response to nitrogen 
starvation (Grillitsch et al., 2011; Romero-Aguilar 
et al., 2017). 
U. maydis is a basidiomycete that belongs to the 
Ustilagenaceae family, which is composed of fungi 
that are related to the infection of several types of 
crops. It is studied because of its biotechnological 
potential for producing value added compounds 
such as organic acids, enzymes, lipids, and bio-
surfactants, among others, with applications in 
the pharmaceutical, cosmetic, and food industries 
(Chavan and Smith, 2014; Paulino et al., 2017). As 
a biotrophic organism, U. maydis requires the plant 
to continue its growth, transiting between two forms 
during its cell cycle, a yeast-like saprophytic phase 
and a filamentous phytopathogenic phase (Chavan 
and Smith, 2014).
The opposite of  LD formation is the process of 
lipolysis, which is carried out when high amounts 
of  energy are required. The degradation of  LDs 
takes place in two ways, One is through lipophagy, 
and the other by the local lipolysis of  TAGs, cat-
alyzed by cytosolic lipases (Welte, 2015). Lipases 
(glycerol ester hydrolases, E.C. 3.1.1.-) are hydro-
lases that act on the carboxyl ester bonds of  the 
acyl-glycerols, resulting in the release of  fatty acids 
and glycerol. In non-oleaginous yeasts, such as 
S. cerevisiae, it has been reported that lipases con-
trol the homeostasis between the synthesis and 
degradation of  TAGs (Schmidt et al., 2014).
The qualitative determination of  LDs in cells 
can be obtained through the lipid recovery of  fluo-
rescence (LRF), in which the LD index is calcu-
lated as the ratio between the fluorescence emitted 
by lipid droplets (stained with BODIPY® 493/503) 
and the cell density, measured at 600 nm. During 
the growth of  S. cerevisiae, the LD index increases 
in the exponential phase and declines during the 
stationary phase (Bozaquel-Morais et al., 2010). 
This behavior was also observed for U. maydis 
when cultured in a YPD medium. Moreover, in this 
microorganism, nitrogen starvation led to a large 
lipid accumulation that was reverted when cells 
were transferred to a medium containing a nitro-
gen source, suggesting that TAGs can be mobilized 
by lipases (Romero-Aguilar et al., 2017).
In a previous work, we reported that LDs are 
dynamic organelles that can be mobilized when a 
nitrogen source is present, and we suggested that 
under these conditions the lipase activity should be 
enhanced (Romero-Aguilar et al., 2017). Here we 
found that LD index and lipase activity are inversely 
related. This suggests that lipids in LDs are degraded 
by lipases and then used in the growth process as 
an energy source (Rambold et al., 2015). Also, we 
detected that the intracellular extracts of cells cul-
tured in YPD exhibited lipase activity in olive and 
almond oils, which suggests that these extracts 
hydrolyze TAGs composed of mono- and polyun-
saturated FAs. This is the first report on U. maydis 
cytosolic lipases involved in the lipid metabolism. 
2. MATERIALS AND METHODS
2.1. Strains and growth conditions
U. maydis FB2 (a2b2) cells were kept in 25% glyc-
erol at −70 °C, streaked on YPD plates (1.0% glu-
cose, 0.25% peptone, 0.5% yeast extract and 2.0% 
agarose), and incubated at 28 °C for 24 h. The strain 
was pre-inoculated in 100 ml YPD medium (1.0% 
glucose, 0.25% peptone, and 0.5% yeast extract) 
and shaken at 175 rpm at 28 °C for 24 h. Then, the 
cells were harvested by centrifugation at 1000 g for 
10 min, washed twice with H2O, and inoculated 
in a new medium with an initial optical density 
at 600  nm (OD600) of 0.05 units. The yeast strain 
was grown in a YPD medium (yeast peptone dex-
trose), minimal medium without a nitrogen source 
(MM-N) (1.0% glucose, 0.02% of mineral solution 
[5 g/L boric acid, 6.4 g/L manganese chloride tet-
rahydrate, 2 g/L zinc chloride, 2 g/L Ferric chloride 
hexahydrate, 0.4 g/L molybdic acid, 0.4 g/L copper 
sulfate pentahydrate and 10 g/L citric acid] with 0.5% 
of salt solution [32 g/L potassium phosphate, 8 g/L 
sodium  sulfate, 16 g/L magnesium sulfate and 2 g/L 
calcium  chloride]), and a minimal medium with 
nitrate (MM+N) (1.0% glucose, 0.02% of mineral 
solution, 0.5% of salts solution, and 0.3% NH4NO3) 
(Saavedra et al., 2008) at 28 °C for 72 h. For growth 
kinetics, 18 aliquots of cell cultures were taken every 
2 h in the first 24 h, and afterwards every 3 h, mea-
suring the OD600 in a Genesys 20 spectrophotometer 
(Z376035, Sigma-Aldrich, St. Louis, USA).
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2.2. Lipid droplet identification
A U. maydis FB2 strain was stained with 2 µM 
of BODIPY 493/503 (D3922, Thermo Fisher 
Massachusetts, USA) and 1µg/ml of Nile Red 
(N1142, Thermo Fisher Massachusetts, USA); 
both dyes were used to stain neutral lipids in 
LDs. The samples were observed in an inverted 
Olympus Flouview™ FV1000 laser scanning with a 
 confocal microscope with an argon laser. The Green 
Fluorescence Protein (GFP) filter was adjusted to 
excitation, 488 nm and emission 505-525 nm for the 
visualization of BODIPY. The Red Fluorescence 
Protein (RFP) filter was set to excitation, 543 nm 
and emission, 560-660 nm to visualize Nile Red. The 
software FV10-ASW (version 04.02.01.20 Olympus) 
was used to analyze the images. 
2.3. Cell fixation
To determine the LD dynamics of U. maydis FB2 
grown in YPD and MM-N, aliquots were collected 
from the cultures and cells were fixed with formal-
dehyde (final concentration 3.7% v/v) for 15 min at 
25 °C. The cells were then centrifuged and washed 
twice with HEPES buffer at pH 7.4. Finally, the cells 
were suspended in water and adjusted to an OD600 
of 5 and stored at 4 °C until use (Bozaquel-Morais 
et al., 2010).
2.4. Liquid fluorescence recovery assay (LFR assay)
LD dynamics were determined by the detection 
of the recovered fluorescence of quenched BODIPY 
once 5 µl of fixed cell suspension were added to 
200 µl of quenched reading buffer containing 5 µM 
BODIPY and 500 mM KI, in 96-well black/clear 
flat bottom polystyrene microplates (3603, Corning, 
New York, USA). Samples were read in a Varioskan™ 
Lux (VL0000D0, Thermo Scientific, Massachusetts, 
USA) and the settings for fluorescence measurements 
were excitation at 480 nm, emission at 510 nm. At the 
same time, in each fluorescence reading, the cell den-
sity was determined by measuring the OD600. Each 
sample was read five times by adding subsequent 5-µl 
aliquots of the formaldehyde-fixed cell suspension to 
the same well. Reading blanks were prepared by incu-
bating the reading buffer for 15 min at 30 °C without 
the addition of cells. Fluorescence and absorbance 
measurements were recorded, and the linearity of the 
curves was analyzed. The LD index was determined 
as the relative fluorescence by optical density unit 
(IF/IA) (Bozaquel-Morais et al., 2010).
2.5. Preparation of cytoplasmic extract
Cells were disrupted with glass beads in a phos-
phate buffer at pH 7.0, using a bead-beater. The 
phosphate buffer was used instead of a conventional 
lysis buffer to avoid the inhibition of lipase activ-
ity by the chelator agent EDTA and the serine 
protease inhibitor PMSF (Snellman et al., 2002; 
Kanwar et al., 2005). The homogenate was centri-
fuged at 100,000g for 1 h at 4 °C to obtain a cell-
free extract. Total protein concentration in the 
extract was assayed according to the Lowry method 
(Lowry et al., 1951).
2.6. Fluorescence-based lipase activity assays 
on plates
To screen the lipase/esterase activity in the cyto-
plasmic extracts, a methylumbelliferyl-butyrate 
(MUF-butyrate 19362, Sigma-Aldrich, St. Louis, 
USA) diffusion plate assay was used. To prepare 
the plates, a thin base of 2% base agar (autoclaved 
and adjusted to pH 7.0) was poured. To prepare the 
top coat of the plates, MUF butyrate (25 mM stock 
solution) was dissolved in molten agar (cooled at 
60 °C) to obtain a final concentration of 250 µM. 
Wells (5  mm in diameter) were obtained using a 
200  µl pipet tip. Then, 40 µg of each cytoplasmic 
extract or the positive (Candida rugosa lipase L1754, 
from Sigma-Aldrich, St. Louis, USA) and negative 
(phosphate buffer pH 7.0) controls, were poured 
into each well.
The stock solution of MUF-butyrate (MUB) 
was made by dissolving 100 mg of MUB in 10 ml 
of dimethyl sulfoxide (472301, Sigma-Aldrich, 
St.  Louis, USA) to which 100 µl of Triton X-100 
were added, and stored at -70 °C. 
2.7. Lipase activity assay with p-nitrophenyl 
palmitate (pNPP)
Lipase activity was determined using a modifi-
cation of the protocol of p-nitrophenyl palmitate 
(pNPP) described by Gupta et al., (2002). For this 
assay, a 0.5 mM pNPP solution was prepared by 
first dissolving 18 mg of pNPP in 10 ml of isopro-
panol and 100 µl of Triton X-100. Next, 207 mg 
of sodium deoxycholate were added to 90 mL of 
a 50 mM sodium phosphate buffer, at pH 7.0. The 
dissolved pNPP solution was then poured drop by 
drop onto the phosphate buffer with continuous 
vortex agitation and sonication. Triton X-100 was 
added to a final concentration of 2%.
The reaction was performed at 25 °C, and it was 
started with the addition of 0.1 ml of the cytosolic 
extract to 2.4 ml of the reaction mixture. The enzy-
matic activity was measured by the release of p-nitro-
phenol which is estimated spectrophotometrically at 
410 nm every 10 min for 30 min.
We determined the molar extinction coefficient 
(e) of p-nitrophenol (pNP), under the conditions 
described, from the absorbance at l = 410 nm of 
standard solutions of pNP (0.01 to 0.1 mmol/ml) 
(e410= 5.01x10
3 M-1cm-1).
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Suitable controls were made for each experi-
ment. One unit of enzyme activity was expressed as 
the amount of enzyme that catalyzes the release of 
1 nmol of p-nitrophenol per minute under the assay 
conditions.
2.8. Zymogram
Electrophoretic separation in sodium dodecyl 
sulfate (SDS)-polyacrylamide gels has been widely 
used to study lipases. A fluorescence-based assay for 
lipase activity detection in SDS-polyacrylamide gels 
was performed without the treatment of the sample 
with β-mercaptoethanol and using 5% and 10% 
polyacrylamide for the stacking and resolving of the 
gels, respectively. After protein separation, SDS was 
removed from the gels by soaking them for 30 min in 
a 2.5% Triton X-100 solution at room temperature. 
The gels were then briefly washed (5 min) in 50-mM 
phosphate buffer, at pH 7.0 and then covered with a 
solution of 100 µM MUF-butyrate in the same buf-
fer. After UV illumination, fluorescent bands became 
visible in 30s. Following the zymogram analysis, 
the protein bands were visualized using Coomassie 
Brilliant Blue R250 (Brabcova et al., 2013).
2.9. Rhodamine plate assay for lipase detection
To identify the lipase activity on agar plates by 
this method, the use of trioleoylglycerol or a substi-
tute such as olive oil is common. The catalytic activ-
ity of lipases on TAGs present in olive and almond 
oils was revealed with the Rhodamine dye which 
produced an orange fluorescence that was detected 
by UV irradiation (Kouker and Jaeger, 1987).
For this assay, a stock solution of Rhodamine B 
(1 mg/ml) was prepared in distilled water and sub-
sequently sterilized by filtration. The plate was con-
structed in two layers. The bottom one contained 
2% sterile agar (pH 7.0). The top coat medium was 
made with cooled 2% agar with olive or almond oil 
to a final concentration of 2.5% and rhodamine B to 
a final concentration of 0.001%. Before pouring the 
top layer, it was vigorously stirred and emulsified 
by sonication. We added 100 µg of the extract and 
positive (C. rugosa) and negative (Phosphate buffer) 
controls, into the wells. 
3. RESULTS
3.1. The growth of U. maydis is different in rich 
medium and under nitrogen starvation.
In this study, U. maydis was grown for 72 hours 
in YPD and minimal medium without a nitrogen 
source (MM-N) (Figure 1). The cells were also 
grown in a minimal medium with nitrate as nitro-
gen source (MM+N) (data not shown). In YPD, 
the cells exhibited an exponential growth dur-
ing the first 10-12 h, with a duplication time of 
2.6 ± 0.3 h, and reached the stationary phase at 
24 h (Figure 1A). Similar results were obtained in 
MM+N, with cells reaching the stationary phase at 
24 h and a duplication time of  2.8 ± 0.2 (data not 
shown). In MM-N, the cells showed a short expo-
nential phase with a duplication time of  4.9 ± 0.7 h, 
and then at 24 h stopped their growth (Figure 1A). 
This suggests that cells without nitrogen sources 
used glucose as the carbon source and stopped 
their growth because of  the lack of  nitrogen. Since 
Figure 1. Growth of Ustilago maydis FB2 wt. (A) Growth curve (OD) in YPD medium (black dots) and in a minimal medium 
without nitrogen (MM-N) (white dots). (B) Dry weight (g/L) in YPD medium (black bars), and in MM-N (white bars). 
The experiment was carried out in triplicate. The Student’s t-test was used for comparison of means. Values are given as mean ±SD 
of three batches. Significant difference at a level of P < 0.001 between U. maydis FB2 cells grown in YPD and MM-N in each time is 
designated by “*”.
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no differences were detected between the growth 
rate in YPD and MM+N, the work was contin-
ued with the rich YPD and MM-N to compare the 
growth, LD index, and lipase activity.
The large difference in cell growth between YPD 
and MM-N is better appreciated by plotting the 
dry weight. Figure 1B shows the increase in bio-
mass associated with cell growth. It can be appre-
ciated that the final biomass obtained in the YPD 
medium at 72 h of incubation was 16 times larger 
than the biomass of cells cultured without a nitro-
gen source. At 8 h of growth there was a small dif-
ference (4  times), from 12 -24 h the differences in 
biomass started to rise because the dry weight of the 
cells cultured in MM-N remained constant.
3.2. Accumulation of neutral lipids in LDs is 
influenced by nitrogen availability
We previously reported the accumulation of lip-
ids as LDs in U. maydis under nitrogen starvation 
(MM-N) (Zavala-Moreno et al., 2014). Also, the 
dynamics of LDs under different nitrogen sources 
were analyzed (Romero-Aguilar et al., 2017). To 
have a better understanding of the dynamics of the 
formation and degradation of LDs, both processes 
were studied separately under the conditions men-
tioned above (YPD and MM-N). 
To study the accumulation of lipids a liquid 
recovery of fluorescence assay (LRF) was per-
formed, using the fluorophore BODIPY 493/503, 
which has a high affinity to neutral lipids. The 
results showed that in cells growing in YPD medium 
there was a small increase in the LD index associ-
ated with the exponential phase, followed by a 
decrease in this index during the stationary phase 
(Figure 2, black dots). However, under nitrogen 
starvation the LD index increased steadily through-
out the 72 h of growth (Figure 2, white dots), sug-
gesting that in MM-N a large accumulation of lipids 
occurred. This can be corroborated by observing the 
cells under confocal microscopy. Cells were cultured 
in MM-N for 72 hours and stained with BODIPY 
and Nile Red, which were used to stain neutral lipids 
(TAGs). As shown in figure 3A, the cells displayed 
large refracting structures by light microscopy. LDs 
were visualized by confocal microscopy after the 
incubation of the cells with Nile red and BODIPY 
(Figure 3B, C). Figure 3D shows the colocalization 
of the signals coming from both dyes, indicating 
that LDs are made mainly of neutral lipids. Under 
electronic microscopy, transmission (Figure 3E) and 
scanning (Figure 3F) micrographs show that the 
LDs accumulated in the cytosol did not affect the 
shape of the cells.
3.3. Cytosolic lipase activity is related to the 
accumulation of LDs 
To detect the lipase/esterase activity in the cyto-
plasmic extracts, a fluorescence plate assay that 
contained the substrate MUF-butyrate was used. 
Figure 4 shows the activity of  lipase in extracts 
obtained from 8 to 72 hours of  culture in both 
Figure 2. Lipid droplet index (LD index) of U. maydis FB2 wt grown in YPD medium (black) and in MM-N (white). The 
experiment was carried out in triplicate. Values are given as mean ±SD of three batches. 
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YPD and MM-N media. Cytosolic extracts from 
YPD had a higher lipase activity than those from 
MM-N. Only the MM-N extracts obtained at 8 
and 12 hours exhibited activity. To corroborate 
the presence of  lipase activity in these extracts, 
a biochemical assay was performed as indicated 
in the Materials and Methods section. Figure 5 
shows that lipase activity increased throughout the 
Figure 3. Microscopy of U. maydis FB2 wt grown in MM-N at 72 hours. (A) Light microscopy; confocal microscopy of cells 
stained with BODIPY (B) and Nile Red (C), and the merged image (D); transmission electron microscopy (E) and scanning 
electron microscopy (F). 
Figure 4. Lipase activity of cytoplasmic extracts from U. maydis FB2 wt grown in YPD medium and MM-N. MUF-butyrate at 
a final concentration of 250 mM was used as substrate. Positive control (P): C. rugosa lipase (L1754 from Sigma-Aldrich, St. Louis, 
USA). Negative control (N): Phosphate buffer pH 7.0. 
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culture time in the YPD medium, in comparison 
with the nitrogen starvation condition, in which 
there was no activity after 24 h. Taking together 
the results of  LD index and lipase activity, suggests 
that the formation and degradation of  LD are two 
processes that are connected and regulated by the 
lipase activity.
3.4. Detection of two bands with lipase activity by a 
zymogram
To visualize the lipase activity contained in 
the cytosolic extracts of  cells grown in YPD and 
MM-N media, zymograms with MUF-butyrate as 
substrate were performed. Two bands of  around 
25 and 37 kDa with lipase/esterase activity were 
observed in the gel (Figure 6 lane 3-7). The lipase 
of  C. rugosa, used as control, exhibited good activ-
ity by this method, demonstrating that the assay 
is accurate; in addition, it is important to men-
tion that the band with the activity corresponding 
to the C.  rugosa lipase had a different molecular 
weight than the two bands observed in the U. may-
dis extracts (Figure 6). In YPD, the band of  37 kDa 
showed up at 8 h of  culture and increased its activ-
ity at longer times. The lipase activity of  the 25 kDa 
band was approximately the same along the growth 
curve. In the MM-N extracts there was lower lipase 
activity than in YPD, and only at 12 h of  culture 
were the two bands present.
3.5. Cytoplasmic extracts from cells cultured in YPD 
exhibited lipase activity in TAGs from olive and 
almond oils.
The Rhodamine plate assay using olive, almond, 
and avocado oils was used to explore the specificity 
of  the lipase activity. These oils contain TAGs with 
palmitic, oleic and linoleic fatty acids. The extracts 
presented lipase activity in both, olive and almond 
oils, but the activity was better detected when olive 
oil was used. The highest activity was obtained 
from 8 to 24 h in olive oil, and for almond oil it 
was at 12 and 24 h (Figure 7). Avocado oil was also 
tested, but with this oil there was no activity (data 
not shown).
4. DISCUSSION
U. maydis is an aerobic fungus that can grow 
under different nutritional conditions. It has been 
reported that U. maydis yeasts grown in YPD, 
MM+N and MM-N accumulate different concen-
trations of lipids (Zavala-Moreno et al., 2014). In 
a previous study, it was reported that cells grown in 
YPD and MM+N exhibited similar growth kinet-
ics and duplication times (around 2.5 h) (Romero-
Aguilar et al., 2017). Also, cells cultured in YPD 
and MM+N exhibited, within the experimental 
error, the same changes in the LD index during the 
growth curve, in comparison with the large increase 
Figure 5. Specific lipase activity of cytoplasmic extracts from U. maydis FB2 wt grown in YPD medium (black bars) and MM-N 
(grey bars). The experiment was carried out in triplicate. The Student’s t-test was used for comparison of means. Values are given as 
mean ±SD of three batches. Significant difference at a level of P < 0.001 between U. maydis FB2 cells grown in YPD and MM-N in 
each time is designated by “*”.
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in LD index in cells cultured in MM-N (Romero-
Aguilar et al., 2017). Since we did not see any dif-
ference between YPD and MM+N in this study, it 
was decided to compare the growth rate, LD index 
and lipase activity of cells grown in rich YPD and 
MM-N media.
Cells in YPD exhibited a duplication time of 
2.6 ± 0.3 h and reached the stationary phase at 24 h. 
On the other hand, cells grown in MM-N showed 
a short exponential phase with a duplication time 
of 4.9 ± 0.7 h (Figure 1A). In this condition, an 
increase of six times the initial biomass (0.0322 g) 
occurred in the first 24 h, and then there was no 
change in the biomass, measured as dry weight. 
This result suggests that cells cultured under nitro-
gen starvation stopped their growth due to nitrogen 
deficiency. The early increase in biomass is probably 
due to the autophagic processes in which the deg-
radations of ribosomes, RNA and cytosol proteins 
have been described (Rambold et al., 2015).
The growth of U. maydis in the absence of a 
nitrogen source induced a large accumulation of 
lipids inside the cell (Zavala-Moreno et al., 2014), a 
response that has been observed in other organisms, 
including R. toruloides (Li et al., 2015; Zhu et al., 
2015). The lipid index is a well-established technique 
Figure 6. Zymogram analysis. Cytoplasmic extracts from U. maydis FB2 wt grown in YPD medium (A) and MM-N (B) at 
different times (lanes 3-7: 8h, 12h, 24h, 48h, 72h) were loaded (100 µg) without boiling and β-mercaptoethanol on a 10% SDS-
polyacrylamide gel and analyzed for activity using 100mM MUF-butyrate (right) and subsequently stained with Coomassie® Brillant 
Blue R-250 (left). (B) Precision Plus Protein Standards Dual Color molecular weight marker was used (lane 1). Control: C. rugosa 
lipase (L1754 from Sigma-Aldrich, St. Louis, USA) (lane 2). 
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for the qualitative measurement of neutral lipids in 
cells (Bozaquel-Morais et al., 2010), and the accu-
mulation of LDs in U. maydis under nutritional 
nitrogen stress was clearly detected by the increase 
in LD index and by confocal microscopy, using Nile 
Red and BODIPY, two specific dyes for neutral lip-
ids stored in LDs
It has been shown that one lipase is included 
in the structure of  U. maydis LDs, but it was not 
assayed (Romero-Aguilar et al., 2017). However, 
this study was performed to analyze cytosolic 
lipases that are present in the intracellular extracts 
of  U. maydis cells grown under different nutri-
tional conditions. The methods reported for lipase 
activity are based on the ability of  these enzymes 
to hydrolyze the ester bond between a fatty acid 
and a compound that can be detected by changes 
in fluorescence or absorbance (Kumar et al., 2012; 
Perez et al., 2011; Brabcova et  al., 2013). First, 
the presence of  intracellular lipases was investi-
gated using the fluorescent dye MUF-butyrate on 
agar plates, and for quantitative determinations, 
pNP-palmitate was used. The use of  p-nitrophenyl 
palmitate as a substrate to quantitatively determine 
lipase activity has been shown to be efficient in 
Bacillus sp. strain DVL2 (Kumar et al., 2012). With 
these assays it was demonstrated that cells grown 
in YPD contained higher lipase activity than those 
cultured without a nitrogen source. Using MUF-
butyrate as substrate, two bands displayed lipase 
activity in the zymogram. The molecular masses of 
these proteins are higher than the C. rugose lipase. 
The rhodamine assay was adapted by using agar 
plates covered with a mixture of  agar, rhodamine, 
and vegetal oils to study the specificity of  U. maydis 
lipases. This method has been widely used to detect 
extracellular and intracellular lipases in organisms 
such as Bacillus sp. strain DVL2 bacteria (Kumar 
et al., 2012). The activity in the YPD extracts was 
higher at 12 h in olive and almond oils. The main 
FAs in the TAGs of  olive oil are represented by oleic 
acid, a monounsaturated omega-9 FA (55 to 83%), 
with an amount of  saturated FAs, palmitic (7.5 to 
20%) and stearic (0.5 to 5%) acids, and an adequate 
Figure 7. Identification of lipase activity on rhodamine B with 2.5% olive (upper panel) or almond (lower) oil agar plates using 
cytoplasmic extracts obtained from U. maydis FB2 wt grown in YPD medium at different times (8, 12, 24, 48, 72 h). After incubation 
for 48 h at 28 °C plates were subjected to UV irradiation (350 nm) and photographed. Positive control (P): C. rugosa lipase (L1754 
from Sigma-Aldrich, St. Louis, USA). Negative control (N): Phosphate buffer pH 7.0. 
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presence of  polyunsaturated FAs, linoleic acid (3.5 
to 21%) and a-linolenic acid (0 to 1.5%) (Table 1) 
(Bermudez et al., 2011). The most prevalent TAG 
in olive oil is the one containing oleic-oleic-oleic 
(OOO), followed by palmitic-oleic-oleic (POO), 
oleic-oleic-linoleic (OOL), palmitic-oleic-linoleic 
(POL), and stearic-oleic-oleic (SOO) (Ortega et al., 
2012). Almond oil is the conventional nut oil with 
the highest content in TAGs, about 98%; in the 
almond lipid fraction, five fatty acids are predomi-
nant: oleic, linoleic, palmitic, palmitoleic and stea-
ric acids (Roncero et al., 2016). Givianrad et al., 
(2013) found a TAG profile very similar to olive oil 
in oil from wild almonds, observing the following 
composition which goes from high to low contents: 
OOO > POO+SOL > OOL+ PLnP, where O repre-
sents oleic acid, L linoleic acid, P palmitic acid, S 
stearic acid and Ln linolenic acid.
Of  the three oils used in this study, avocado oil 
contains the highest concentration of  palmitic acid 
(Vingering et al., 2010). The triglyceride profile of 
avocado oil from various cultivars in Malaysia was 
POO, followed by POL, OOO and PPO, while the 
major triglycerides in the Hass avocado variety 
imported from Australian were OOO, followed by 
POO, OOL and POL. In comparison with olive 
and almond oils, the major TAGs in avocado oil 
are composed of  palmitic acid, which is a satu-
rated FA (Yanty et al., 2011). The specific com-
position of  avocado oil is a likely explanation for 
the lack of  activity of  U. maydis cytosolic lipases 
when this oil was used as substrate, a result that 
contrasts with that obtained with the almond and 
olive oils.
By proteomic analysis, it was found that U.  maydis 
contains a lipase associated with the LDs (Romero-
Aguilar et al., 2017). This enzyme could participate 
in the mobilization of LDs. In silico analysis of the 
U. maydis genome reported 21 genes with codes 
to hypothetical lipases, but only two lipases, CalA 
and CalB, have been characterized, and neither of 
these two enzymes has been implicated in the mobi-
lization of LDs in this yeast (Brundiek et al., 2012; 
Buerth et al., 2014). However, it is not unreasonable 
to think that TAGs stored in the LDs are degraded 
by a cascade of hydrolytic reactions that converts 
TAGs into diacylglycerol (DG), monoacylglyc-
erol (MG) and finally glycerol and fatty acids (FA) 
that could be used for β-oxidation in mitochondria 
(Rambold et al., 2015), suggesting that the full deg-
radation of TAGs might be carried out by a group 
of lipases. Further studies are required to identify 
and characterize the lipases implicated in the mobi-
lization of TAGs from LDs. 
Most of the industrial enzymes are of microbial 
origin, mainly because of their economic and envi-
ronmental advantages such as easy handling, faster 
growth, and less waste production, compared with 
pluricellular organisms (Berhanu and Amare, 2012). 
In this sense, lipases and esterases are relevant 
in biotechnology because of their wide indus-
trial and medical applications. Lipases have been 
described and characterized in many bacteria such 
as Marinobacter lipolyticus SM19, in which an intra-
cellular lipase with a molecular mass of 45.3 kDa 
has been reported (Pérez et al., 2011).
Lipases have also been described in several yeasts. 
S. cerevisiae contains three lipases that are related to 
the mobilization of TAGs: Tgl3p, Tgl4p, and Tgl5p 
(Athenstaedt and Daum, 2003; Athenstaedt and 
Daum, 2005). Tgl3p was discovered in LDs through 
proteomic studies (Athenstaedt and Daum, 2003). 
Another lipase described in this yeast was Ypr147cp, 
which is also located in LDs, playing an important 
role in the mobilization of TAGs from LDs (Manda 
et al., 2017). It is known that one of the major TAG 
lipases, Tgl3p, preferentially uses TAGs that contain 
C14:0, C16:0 and C26:0 fatty acids (Athenstaedt 
and Daum, 2003). Another yeast, Y. lipolytica pos-
sesses 16 genes coding for lipases, but only three 
isoenzymes, Lip2p, Lip7p, and Lip8p have been 
characterized (Fickers et al., 2011). 
Microbial lipases have applications in the phar-
maceutical field. Y. lipolytica lipase LIP2p has been 
Table 1. Lipid content of fatty acids and triacylglycerols 
in olive oil, almond oil, and avocado oil.
FATTY 
ACIDS
Olive Oila
 (%)
Almond Oilb
 (%)
Avocado oilc
 (%)
Saturated
Palmitic acid 
(16:0)
7.5-20.0 5.2-6.7 16.9
Stearic acid 
(18:0)
0.5-5.0 0.2-1.7 0.8
Mono-unsaturated
Palmitoleic 
acid (C16:1)
1.2 0.3-0.6 7.7
Oleic acid 
(C18:1)
55.0-83.0 57.5-78.7 50.3
Poly-unsaturated
Linoleic acid 
(C18:2 v6)
3.5-21.0 12.0-33.9 10.5
Linolenic 
acid (ALA)g 
(C18:3 v3)
0-1.5% - 0.6
OILS TRIACYLGLYCERIDE COMPOSITION
Olive Oild OOO>POO>OOL>POL>SOOh
Almond Oile OOO > POO+SOL > OOL > PLnPh
Avocado Oilf Malaysia avocado: POO> POL > OOO > PPOh
Hass avocado: OOO > POO > OOL > POLh
* Source: aBermudez et al. (2011), bRoncero et al. (2016), 
cVingering et al. (2010), dOrtega et al. (2012), eGivianrad et al. 
(2013) and fYanty et al. (2011).
gAlpha linolenic acid.
hOleic acid: O, Stearic acid: S, Palmitic acid: P, Linoleic acid: L, 
Linolenic acid: Ln.
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proposed as replacement therapy for the treatment 
of pancreatic exocrine deficiency (Benarouche et al., 
2014). However, intracellular lipases of U. maydis 
have not been studied or characterized, opening the 
possibility that these enzymes might have biotech-
nological and pharmacological interest.
An alternative source of energy is biodiesel, which 
has been produced chemically using oil from various 
plants. The conversion of vegetable oil to methyl- 
or other short-chain alcohol esters is catalyzed by 
lipases. Some microbial lipases are used for this pur-
pose in the industry, one is the lipase (LipSB 25-4) 
of Streptomyces bambergiensis OC 25-4, which dis-
played high activity under thermophilic conditions 
and is stable in the presence of organic solvents. 
LipSB 25-4 catalyzed the biodiesel production from 
olive oil through transesterification reactions (Ugur 
et al., 2014). Cytoplasmic lipases of U. maydis could 
be proposed as an alternative in the generation of 
biodiesel.
CONCLUSIONS
In this study we reported that U. maydis grown 
under nitrogen starvation increased its lipid drop-
let index but decreased lipase activity in compari-
son with cells cultured in a YPD medium, which 
decreased their lipid droplet index and increased 
lipolytic activity, indicating that the accumulation 
and degradation of lipids are opposed processes 
that maintain lipid homeostasis in the cell. The 
lipases detected by zymogram showed a molecular 
mass of  25 and 37 kDa. U. maydis lipases hydro-
lyzed TAGs present in olive and almond oils, which 
are composed principally of  mono and polyun-
saturated fatty acids. This indicates that intracel-
lular lipases of  U. maydis have hydrolytic activity 
in TAGs, suggesting that they could be involved in 
the mobilization of the neutral lipids accumulated 
in LDs.
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